As the technology of proteomics moves from a theoretical approach to a practical reality, neuroscientists will have to determine the most appropriate applications for this technology. Neuroscientists will have to surmount difficulties particular to their research, such as limited sample amounts, heterogeneous cellular compositions in samples, and the fact that many proteins of interest are rare, hydrophobic proteins. This review examines protein isolation and protein fractionation and separation using two-dimensional electrophoresis (2-DE) and mass spectrometry proteomic methods. Methods for quantifying relative protein expression between samples (e.g., 2-DIGE, and ICAT) are also described. The coverage of the proteome, ability to detect membrane proteins, resource requirements, and quantitative reliability of different approaches is also discussed. Although there are many challenges in proteomic neuroscience, this field promises many rewards in the future.
INTRODUCTION
Research into gene expression within the brain and its role in health and disease is rapidly advancing. In the past, research technology allowed the examination of a few genes at a time; however, it is rapidly becoming the norm to examine simultaneously the expression of thousands of genes. The information gained by the sequencing of the genomes for humans and laboratory animals combined with ingenious technical advancements have made large-scale analysis of mRNA expression possible [e.g., microarrays, GeneChips, serial-analysis of gene expression (SAGE), and differential display]. Even as the neuroscience field is becoming familiar with and adopting these genomic approaches, another paradigm shift is occurring-proteomics, the simultaneous assessment of all, or many, of the proteins expressed in a cell.
The term "proteome" has been used for less than a decade (1) , and the technical advancements that make proteomics feasible are swiftly evolving. The purpose of this review is to familiarize neuroscientists with the available tools for proteome research and their relative abilities and limitations. Quantitative methodologies for assessment of differences in protein expression are the primary focus of this review, but other nonquantitative techniques are also discussed.
Before delving any further, the importance to neuroscience research of examining thousands of proteins in a cell should be established. Though certain RNAs can act as effector molecules, proteins perform the majority of biological actions in the cell. To identify the thousands of different proteins in a cell, the modifications to these proteins, along with how the amounts of both of these change in different conditions would revolutionize biology and medicine. Though important strides are being made toward achieving the goal of global mRNA analysis, mRNA is not the functional endpoint of gene expression, and mRNA expression may not directly equate with protein expression (2, 3) .
For the purpose of this review, it is also important to provide an operational definition of the term "proteomics." Proteomic research refers to the examination of protein expression, modification, or interaction on a large, parallel scale-hundreds to thousands of proteins simultaneously. Examination of protein expression, modification, and interaction is hardly novel; however, the scale on which this can now be performed warrants the terms "proteome" and "proteomics." Rather than traditional approaches that examined one or a few proteins at a time in a few samples, proteomics attempts to concurrently examine large numbers (hundreds to thousandsplus) of proteins. There are many potential applications for proteomics in neuroscience: determination of the neuroproteome, comparative protein expression profiling, post-translational protein modification profiling, and mapping protein-protein interactions, to name but a few. The present review will comment on all of these applications with an emphasis on protein expression profiling.
In thinking about genomics and proteomics, it is necessary to emphasize the fundamental differences between nucleic acid research (genomics or functional genomics) and proteomics. Proteins have no equivalent to WatsonCrick base pairing, and there are no methods of protein amplification like those for nucleic acids [e.g., polymerase chain reaction (PCR) (4) or antisense RNA (aRNA) (5) ]. Nucleic acid hybridization relies on base pairing and is a highly regular and specific event that can be controlled by temperature and solution composition, allowing the construction of probes that will recognize a specific nucleic acid sequence of interest. Probes can be made in unlimited quantities with the assistance of PCR and plasmid DNAs. For proteomic research, the recognition of specific proteins is more difficult. Traditionally, antibodies have been used to identify specific proteins, but the limitation of antibodies is that they are not as specific as DNA probes, usually require some preseparation of the protein of interest, and that antibodies are time consuming to produce. For nucleic acid research, very small amounts of sample are needed because samples can be quantitatively amplified by PCR and aRNA to such a degree that there is more than enough sample for expression profiling and further assays (e.g., sequencing). Proteomics is currently limited in its ability to detect rare proteins (those that are not expressed in many copies per cell), primarily due to the lack of viable protein amplification methodology. Technical improvements have therefore focused on signal amplification.
[Some methods for protein amplification have been reported but have not gained wide acceptance (6, 7) .]
Steps in Proteomics Experiments
Different proteomic methods use a variety of technologies and approaches. All of these methods contain, in some form, protein isolation, separation/fractionation, quantitation, and identification ( Fig. 1) . Many of the procedures (Fig. 2 ) used for these individual methods can be combined interchangeably to optimize proteome coverage. The challenge to neuroscientists is find the best combination of techniques to achieve experimental goals (Table I) . 
SAMPLE PREPARATION
As with any experiment, the quality of the results is completely dependent on the quality of the starting material. Adequate coverage of the intricacies of protein isolation would require more space than is available in the current review; however, a few points of significance for proteomic experiments are included. Protein stability and purity are of critical importance to proteomic studies as are prevention of protein degradation and modification during sample preparation. Rapid removal of brain tissue, dissection, and freezing are obvious imperatives for the maintenance of the proteome state in the animal. Human postmortem studies pose unique challenges, but these can be addressed by careful documentation of postmortem interval, brain pH, and agonal state (8) . Specific proteins have been shown to degrade in a time-dependent manner, highlighting the need for careful selection of controls in human brain postmortem studies (9) . Specifically, dihydropyrimidinase related protein-2 has putatively been identified as a marker of postmortem interval and temperature in mice (10) . Protease and phosphatase inhibitors are commonly used to help prevent degradation and dephosphorylation of proteins during protein preparation (11); however, care should be taken so that adducts and charge trains are not introduced by these inhibitors.
Purification of protein from other cellular substances is also necessary. Lipids are particularly abundant in the brain and along with nucleic acids must be eliminated from the protein sample for good-quality results. The most common methods of protein purification rely on selective precipitation. Acetone, trichloroacetic acid (TCA), and other precipitation methods can be performed, and a number of commercially available kits make this a routine procedure (12, 13) . In some instances though, pure protein may not be sufficient because proteins such as IgGs or albumin constitute the vast majority of protein concentrations in cells. Selective elimination of these proteins (14) improves detection of less highly expressed proteins.
PROTEIN FRACTIONATION
As depicted in Fig. 2 , there are a number of approaches to reduce the complexity of a protein sample for analysis. Depending on the rationale for a study, analyzing the entire complement of cellular proteins in one experimental run may cause a loss of sensitivity and result in interpretational difficulties. In such cases, it is recommended that the proteome be fractionated in order to remove contaminating material from the sample and to enrich the proteins of interest for further analysis. Protein fractionation can be thought of as different from protein separation in that it isolates a subset of proteins from the entire proteome. Protein separation can be thought of as segregation of individual proteins. The starting material can be fractionated using a variety of approaches including centrifugation (e.g., soluble/ insoluble, membrane/cytosolic/nuclear), salt precipitation, liquid chromatographic separation (e.g., ion exchange, affinity, gel filtration), and velocity or equilibrium sedimentation.
PROTEIN SEPARATION AND QUANTITATION
Proteins must be separated in some manner so that they can be quantitatively compared and identified based on intrinsic properties of proteins such as charge, isoelectric point, size, or some other parameter. In some cases, proteins are separated by more than one parameter to allow an even more detailed portrait of the proteome [e.g., two-dimensional electrophoresis (2-DE) and tandem liquid chromatography (LC/LC)].
Electrophoresis Methods

Electrophoresic Separation Methods
One-Dimensional Electrophoresis. Separation of proteins by size is the traditional method for analyzing one protein at a time. A number of common techniques give comparative quantitation between samples; immunoblotting/Western blotting being the most popular [enzyme-linked immunoabsorbent assay (ELISA) and immunocytochemistry being others]. Western blotting allows the visualization of antibodies directed against specific proteins of interest. In Western blotting, proteins are electrophoresed into a gel containing sodium dodecyl sulfate (SDS), where proteins migrate based on size and charge with smaller proteins migrating through the gel faster than larger proteins. Once the proteins have been separated, the proteins in the gel are transferred to a solid membrane (nylon or PVDF) for analysis by applying an electric current to the gel so that the separated proteins transfer through the gel and onto the membrane in the same pattern as they separate on the sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE). To detect a specific protein on the membrane, a primary antibody is added at an appropriate dilution and incubated with the membrane such that the antibody will bind to the protein(s). In order to detect bound antibodies, secondary antibodies are added (immunoglobulin antibodies conju-gated to a reporter group such as the enzyme alkaline phosphatase). Finally, a substrate is added to react with the secondary antibody resulting in a visible band(s) where the primary antibody is bound to the protein.
Western blot analysis and the aforementioned procedures are serial approaches that enable the quantitation of one or few proteins at a time. The primary limitation of these approaches is that they require a selective antibody for each protein of interest. Recent technical innovations have been made, though, to increase the number of proteins that can be examined by Western blotting, such as large-scale immunoblotting [e.g., PowerBlot (15)]. This requires that the protein(s) of interest be defined beforehand and that an antibody for each protein be available. Unfortunately, the reality is that many proteins have still not been identified, and the majority of those that have been identified lack high-quality antibodies. As it currently exists, proteomics will not replace these methods, but rather these methods will serve as excellent tools for confirmation and further experimentation on targets found by proteomics. One-dimensional electrophoresis as a separation technique before tandem mass spectrometry (MS/MS) separation and identification has been used for neuroscience studies of receptor complexes (16) .
Isolelectric Focusing. Isoelectric focusing (IEF) separates proteins according to their isoelectric point (pI). The pI of a protein is primarily a function of its amino acid sequence although post-translational modifications can also contribute to the pI. Proteins are amphoteric molecules, capable of acting as either an acid or a base. The side chains of the amino acids in proteins have acidic or basic buffering groups that are protonated or deprotonated, depending on the pH of the solution in which the protein is present. At a particular pH, the sum of the charges on the amino acids will equal zero. Isoelectric focusing takes advantage of this property by placing proteins in a pH gradient and applying a potential. The protein will migrate toward the anode or cathode, depending on its net charge. Eventually, the protein will reach the point in the pH gradient where the net charge of the protein is zero, at the pI, and stop migrating.
Initially, the preparation and use of the pH gradients needed for isoelectric focusing was very difficult and inconsistent. These pH gradients were often in the form of tube gels with carrier ampholytes. The introduction of chemistries (17) to immobilize the pH gradient into the gel matrix and the construction of the gel on a solid backing (18, 19) was a significant step in making IEF accessible to more than a handful of researchers. Most current applications of IEF use these immobilized gradients in some sort of dedicated instrument that controls both gel current and temperature (20) . Exceedingly high currents (e.g., 8000 V) are needed to focus proteins, and consistent focusing requires close control of the temperature (21) . Commercial suppliers are now producing IEF gels that are of narrow pH ranges, which, when used in an overlapping fashion (pH 4-5, 4.5-5.5, 5-6, 5.5-6.7, and 6-9), enable the separation and detection of thousands of proteins (22) . Isoelectric focusing is rarely used on its own and is usually followed by applying the IEP strip to SDS-PAGE gel to make two-dimensional electrophoresis (described below).
Solution IEF. Solution IEF operates on the same principle as normal IEF except that proteins are separated, in solution, into pI range bins (23, 24) . These proteins can then be run on IEF gels with an appropriate pI range, the same as the pI range of the bin. One of the reasons for performing solution IEF is that when loading a whole cell lysate onto a narrow pI range IEF gel (using normal IEF), proteins outside the IEF range precipitate and can pull out proteins from within the range of the IEF gel, and those proteins outside of the range of the gel are wasted. Solution IEF requires more development, but with improvements this technology has great potential.
Second-Dimension SDS-PAGE. Two-dimensional electrophoresis is one of the most commonly used techniques in proteomics. The basic principles of 2-DE remain the same since its introduction in 1972 by O'Farrell (25) and Klose (26) , namely, the separation of proteins by IEF (first dimension, separation by pI) followed by SDS-PAGE (second dimension, separation by molecular weight), which involves the separation by molecular weight of proteins that have already been separated by IEF. In general, the IEF gel or strip is equilibrated to SDS and then placed on top of the SDS gel. This equilibration step is necessary to allow the SDS molecules to associate with the proteins and produce the anionic complexes that have a net negative charge roughly equal to the molecular weight of the protein. The SDS gel is then run, and the proteins migrate out of the IEF gel and into the SDS gel, where they separate according to molecular weight. Though most applications use denaturing SDS-PAGE, approaches to assess native protein conformation have also been used. Both conventional SDS-PAGE instruments, such as those used for Western blotting, and special purpose apparatuses can be used for this step.
Detection/Quantitation for Electrophoresis
Stains. After electrophoresis, the proteins in the gel must be detected in some manner. Traditionally, this is accomplished by the use of a visible stain, whereas newer approaches use fluorescent dyes or stains (27) . The most common visible stain has traditionally been silver stain. This highly sensitive stain is the "gold standard" for sensitivity. However, silver staining has decreased in popularity due to complications with background, quantitation, reproducibility, and mass spectrometry compatibility. Most silver stains will also stain DNA and lipopolysaccharides resulting in increased background signal. The quantitative limitations of silver staining stem from a limited dynamic range (28) and the dependency of signal intensity on the length of developing time. Another limitation is that the gluteraldehyde present in most silver staining protocols is incompatible with mass spectrometry; however, the procedure can be modified for compatibility (29) . For these reasons, other visible stains such as zinc imidazol (30) and Coomassie blue (31) have been developed. Though both are more compatible with mass spectrometry, zinc imidazol has limited quantitation abilities and Coomassie staining is much less sensitive than silver staining. All of these visual stains can be converted to digital images by either scanning or camera densitometry.
Because of the aforementioned limitations, fluorescent stains and dyes have been developed that attempt to combine sensitivity, quantitation, and mass spectrometry compatibility. Fluorescent stains such as ruthenium bathophenanthroline disulfonate (Sypro Ruby) (32) are simple to use, quantitative, and compatible with mass spectrometry. The sensitivity of Sypro Ruby approaches that of silver staining but does not equal it. Some of these fluorescent stains have been developed such that they are selective for post-translational modifications of proteins (phosphorylation and glycosylation) (33, 34) . Fluorescent dyes can be visualized with fluorescent scanners or ultraviolet light boxes. With these developments, another possibility emerged: to label the proteins before electrophoresis with fluorescent dyes. This is discussed in detail below. In total, staining methods continue to improve but no single stain has been found to be the most sensitive, quantitative, and compatible with mass spectrometry.
Dyes. As described above, conventional 2-DE consists of IEF, SDS-PAGE, and visualization. The problem that has bedeviled the use of 2-DE for applications like protein expression profiling in neuroscience research has been reproducibility and quantitation. To address some of these problems a new method, two-dimensional difference in 2-D Fluorescence Difference Gel Electrophoresis (2-DIGE) has been developed that uses direct labeling of proteins with cyanine dyes prior to IEF (35, 36 ) (see Ref. 37 for detailed methodological discussion). This method relies on cyanine dyes that react with lysine groups on proteins (38) . Dye concentrations are kept low, such that approximately one dye is added per protein. The critical aspect of the use of 2-DIGE technology is the ability to label two or more samples with different dyes and run them on the same IEF and SDS-PAGE gels-this makes spot matching and quantitation much more simple and accurate. As it has been popularized, 2-DIGE uses Cy3, Cy5, and Cy2 dyes, with Cy2 being used for a normalization pool created from a mix of all samples in the experiment (Fig. 3) . The normalization pool is created by combining equal amounts of protein from all the samples in the study. This Cy2 pool is run on all gels, facilitating spot matching and normalization of signal from different gels (Figs. 4A and  4B) . The 2-DIGE approach offers great promise to researchers using 2-DE. The dyes are comparable in sensitivity to silver staining methods, are compatible with mass spectrometry, and offer the best quantitation of any 2-DE method. The major drawback of this technique is that it is proprietary to Amersham Biosciences and requires expensive and specific equipment such as a three-laser fluorescent scanner and dedicated software. A modification of 2-DIGE in which cyanine dyes that label all of the cystine residues of proteins are labeled has recently been introduced (39) . This is intended to reduce the amount of protein sample required, and currently, only two saturation dyes (Cy3 and Cy5) are available.
Two-Dimensional Electrophoresis Data Analysis. Once proteins have been visualized, image analysis is required. Image analysis can be segregated into spot detection, spot matching, and data analysis. Manually detecting the hundreds to thousands of spots on each 2-DE gel for the number of gels in an experiment would take far too long and be inconsistent. A number of companies now offer software that, using a digital image of a gel, detects the spots and provide a quantitative value (40) . For any experiment that requires multiple gels to look at different conditions, samples, and so forth, the different gels must be matched to each other (Fig. 4A) . In other words, a spot at a certain location on gel 1 must be matched with the same spot on gel 2, gel 3, and so forth. In reality, proteins do not migrate to exactly the same point on each gel (IEF or SDS-PAGE). Complex algorithms have been developed that attempt to match these spots across gels using the pattern spots on the whole gel and correcting for shifts in these patterns (41) . The Cy2 pool used in 2-DIGE methodology is useful in this respect as it provides a consistent spot map on all gels in an experiment, facilitating spot matching (Fig.  4A) . Also, with 2-DIGE the number of gels that need to be matched is reduced because two samples are run on each gel, and those two samples will have identical spot patterns. The need for computer-based spot matching Fig. 3 . Difference in gel electrophoresis (DIGE) departs from standard 2-DE in that the samples are labeled with fluorescent dyes and mixed together before being run on the same IEF and second-dimension gel. A pool, created by mixing equal amounts of each sample analyzed, is run to both normalize quantitation across gels and for spiking in to increase the amount of protein to be picked for MS protein identification. Fig. 4 . Spot matching and quantitation with different two-dimensional electrophoresis approaches. (A) Spot matching is the process of determining which spot is the same across multiple gels. Two-dimensional DIGE aids matching by using an internal control channel present on each gel and fewer gels in total. (B) Quantitation of traditional 2-DE uses densitometry of matched spots. 2-DIGE improves quantitation by assessing abundance in relation to a normalization pool on each gel, thereby normalizing for gel to gel technical differences. cannot be underestimated, as matching by hand would take days. A good deal of manual intervention to correct for false matches and omissions of the software is still needed, though. These matching algorithms continue to improve, but the best thing that can be done to aid in spot matching is to develop reproducible laboratory technique. Rates of matching can range from 40%-80% of spots across gels in an experiment. With spots matched and with signal intensities known, comparisons can be made for changes in protein expression. The 2-DIGE method uses the Cy2 pool to normalize the signal abundances between gels, correcting for any differences in overall signal intensity. This provides for a more consistent expression measurement across gels (Fig. 4B) .
A number of different approaches can be used to determine differential expression, from simple foldchange cutoffs to statistical tests. The challenges here are similar to those found in analyzing microarray data. Though the best insurance of accurate quantitation is confirmation by another method like immunoblotting, the proteomic field has yet to establish standard practices for data analysis. A common concern with 2-DE is that with a long experimental protocol of protein preparation, IEF, SDS-PAGE, visualization, and data analysis, small errors compound thus inhibiting meaningful quantitation. To address this very legitimate concern new methods have been developed, such as the normalization pool in 2-DIGE, that attempt to limit sources of error or normalize for them. Nonetheless, as the proteomic field matures, consistent data analysis methods and more post hoc confirmation of observed changes will be needed.
Liquid Chromatography
Liquid chromatographic (LC) methods provide a powerful means of protein/peptide separation of protein mixtures. Primary advantages of LC separation are the versatility of the methods and the ability to link LC directly to analysis methods such as MS. Proteins/peptides can be separated based on their physical properties, including affinity (interactions of specific moieties), ion exchange (anion or cation), reverse phase (hydrophobicity), and size exclusion (not as useful for peptide separation). LC has also been used to separate fractionated proteins prior to IEF to isolate specific populations of proteins in the mixture prior to 2-DE, allowing more discrete separation and identification (42) . Of particular interest in the neuroscience community is the development of proteomics procedures to evaluate hydrophobic proteins (e.g., receptors). For example, the use of reverse phase separation prior to IEF would enhance the separation of hydrophobic proteins that could then be subjected to gradient IEF, enabling increased detection of this protein pool and lower abundance proteins within this pool. The development of LC that feeds directly into a mass spectrometer has been furthered by the use of LC in series/tandem (LC/LC) to separate peptides based on different properties (e.g., reverse phase coupled to strong cation exchange) [i.e., MuDPIT (43) ]. Advantages of this approach include increased separation and ultimately identification of peptide mixtures in a single run and the increased potential to detect low abundance peptides.
Capillary electrophoresis (CE) offers several advantages over slab gel electrophoresis, including faster separations and better resolution. Though the number of samples running on a CE may be limited to one sample at a time, the development of capillary arrays can overcome this disadvantage. While LC and CE methods are very similar, the principal advantage of CE is the dramatic enhancement in resolution.
Mass Spectrometry
Mass Spectrometry for Protein Separation. Mass spectrometry (MS) is another principle method of protein separation used in proteomics. A number of different MS platforms exist, each with advantages and drawbacks. Before describing some of these platforms, a basic description of how mass spectrometry works is necessary because most neuroscientists are not familiar with this technology (Fig. 5) . This is intended as only the most cursory of descriptions, and for more in-depth descriptions there are several excellent books available, written with the biologist in mind (37, 44, 45) .
Mass spectrometry is based on ionizing proteins or peptides and then measuring the mass to charge ratio (m/z). Though a variety of MS instruments exist, they all contain three parts: ionization, separation (mass analyzer), and detection. The sample is ionized, and the resulting ions are separated by m/z and detected. These three processes allow the calculation of the mass of a particular protein or peptide (see Refs. 37, 44, and 45 for detailed descriptions of how mass is calculated from m/z.)
A number of ionization technologies exist including fast ion bombardment (FAB) (46), matrix assisted laser desorption ionization (MALDI) (47) , and electrospray ionization (ESI) (48) (49) (50) . MALDI and ESI are the techniques of choice for most proteomic applications of neuroscience research. MALDI (Fig. 5A) works through mixing the protein sample with a light absorbing matrix that forms a crystal. This is usually done on some form of plate with multiple positions for different samples. When the plate is pulsed with a laser of a particular wavelength, the energy from the laser is absorbed by the crystal matrix. Most often in MALDI, the proteins accept a single proton from the matrix and are desorbed (ejected) from the plate in the gas phase and into the mass analyzer.
In ESI (Fig. 5B) (and nanospray ionization) , ions are produced in a liquid phase (51) (52) (53) . The protein sample, in a solvent solution, is ejected as a mist of droplets from a charged capillary tip. As the solvent in the droplets evaporates, the total charges of the proteins in the droplet remain but with a reduced surface area of the droplet. This continues to a point at which individual ions leave the droplet. Individual ions then pass on into the mass analyzer. Unlike MALDI where the samples are crystallized, the ionization state of the protein ions in ESI is determined by the pH of the solvent solution. The end result is that ESI produces a range of multiply charged ions, which can be useful for some MS analyses.
Whichever method of ionization is used, once the ions are created, they must be separated before being detected in such a way as to provide information on the m/z ratio. Mass analyzers do not actually detect the ions or measure ion mass; they are only used to separate ions according to their m/z ratio. A number of mass analyzer types exist: time-of-flight (ToF), quadrapole, ion trap, and Fourier transform-ion cyclotron resonance (FT-ICR).
Time-of-flight (Fig. 5C ) mass analyzers can be thought of as a tube (54) . The ionized proteins enter the tube by passing through a high-voltage accelerator. The speed at which the ion travels is proportional to its mass (m). If a number of ions are simultaneously produced, then passed through the ToF tube and to a detector, the ions with a higher m/z ratio will travel faster and reach the detector first. As the distance traveled and time are all known, the m/z ratio can be calculated and from that the mass.
Quadrapole mass analyzers (Fig. 5D ) also involve ions traveling down what can be thought of as a tube. In this case though, the tube consists of four parallel rods. The rods are two pairs of two that can be tuned to different currents and radio frequencies. The two pairs of rods have opposite currents and shifted radio frequencies allowing a form of tuning in which only ions of a particular m/z ratio pass through the tube. A range of m/z ratios can be scanned, generating a m/z profile of the sample. Quadrapole mass analyzers are often used with an ESI (55) ion source.
Ion trap mass analyzers (56) (Fig. 5E ) use the same principles as the quadrapole in that specific combinations of current and radio frequencies are used to select particular m/z ratios. The ion trap can be thought of as a small ball with one electrode around the equator and two more electrodes at the poles. Ions are introduced into the center of the ball and are kept in orbits within the trap. By changing current and radio-frequency combinations, particular m/z ratio ions are ejected from the ion trap through a port to the detector. By scanning voltages and radio frequencies, a complete m/z profile can made.
A number of hybrids of these separation strategies exist, all of which are generally designed to increase the accuracy of m/z measurements and sensitivity to low abundance ions. ToF analyzers can be placed in series (ToF/ToF) with a reflectron or collision cell (57) between them; quadrapoles and ToF can be placed in series (Q-ToF)(58); and extremely powerful magnets and Fourier transform algorithms (FT-ICR) can be used to determine the m/z ratios of all ions within an ion trap (58, 59) . With ions generated and separated, instruments like electron multipliers and scintillation counters detect the ions. Detectors change the kinetic energy of the ions into an electrical current that can be measured and passed along to a computer. Though these detectors give information on abundance of ions, quantitation of protein abundance differences between samples by MS is limited unless samples are linked to isotopes (see ICAT, below).
All of these MS techniques can be applied to complex protein samples (i.e., mixtures of hundreds or thousands of proteins. It is important to separate the use of MS instruments to separate proteins from the MS used for protein identification as will be described later. For separation, MS has great capabilities but also limitations. As described below, quantitative analysis by MS is limited to techniques like ICAT. For researchers looking to profile the expression of proteins in a large number of samples, MS can be problematic and requires a great deal of time on expensive instruments.
MS Quantitation. Isotope coded affinity tags (ICAT) developed by Aebersold and colleagues (60) was the first quantitative proteomic method to be based solely on using mass spectrometry. The method uses ICAT reagents that contain a reactive group that derivitizes with cysteinyl residues. The ICAT reagents also contain a biotin label and a linker segment. This linker segment either includes eight deuterium isotopes (heavy tag) or none (light tag). ICAT experiments take the form of two experimental conditions; protein from one is labeled with the heavy version of the ICAT reagents and the other with the light version. The samples are then combined, and the proteins are digested with an enzyme such as trypsin. The resulting peptides that contain ICAT reagent are isolated by avidin affinity for biotin. These peptides are then run through LC-MS, and the relative amounts of different peptides are determined. This quantitation can be performed because the heavy-and light-labeled peptides have slightly different masses. By comparing light ICAT peptide MS peak sizes with the peak sizes that are exactly eight daltons larger (because of the heavy reagent), relative quantities can be determined. The proteins from which these peptides originate are then identified by a second round of MS (tandem MS), as described later. This method has been improved to provide better ease of use and sensitivity by use of solid-phase chemistry (61) .
ICAT methodology has the potential to detect more lowly expressed proteins and is more likely to detect hydrophobic and large proteins than 2-DE. One study (62) using both 2-DE and ICAT found that they provided complimentary sets of data, with some differentially expressed proteins found by both methods and other proteins detected by only one method or the other. In a recent, more comprehensive study, the methodologies were again found to complement each other (63) . Two-dimensional electrophoresis was found be preferential for small-molecularweight proteins and those proteins with few to no cysteines (which ICAT requires for labeling). ICAT was better with higher molecular weight proteins. Interestingly, in contrast to the assumed superiority of ICAT, the 2-DE approach identified more hydrophobic proteins. ICAT and similar approaches will be valuable tools for proteomics with the limitations of requiring MS/MS instrumentation and high levels of MS knowledge and skill.
One mass spectrometry method that does possess quantitative abilities without the use of tags is spectrum enhanced laser desorption ionization (SELDI) (64, 65) . This technique, also known by its trade name ProteinChip, is hindered by the difficulty in identifying proteins of interest (66) . This platform has been coupled to Q-ToF mass spectrometers to help overcome this limitation (67) .
Other Separation/Fractionation Methodologies
Approaches to reducing the complexity of proteins in a sample that are not strictly proteomic technologies can also be used to great advantage. The most obvious examples would be separation of the cell lysates into subcellular fractions (membrane, cytosolic, nuclear) before any proteomic analysis. This approach has been used in studies of the brain (42) . Another possibility is to increase anatomical resolution through laser capture microdissection (LCM), which has been used successfully in 2-DE (68,69) and mass spectrometry (70) neuroproteome studies. Though LCM increases anatomical specificity, the amount of sample is very small, and the studies published so far have detected only the most abundant cellular proteins. Increased sensitivity of detection and identification methods are necessary to make this a truly viable approach. Another anatomically specific technique has been developed by Caprioli and collegues, where MALDI-ToF MS is performed directly from tissue sections (71, 72) . These anatomical techniques can even be applied to the cellular anatomy, such as identifying the proteins present in isolated postsynaptic densities (73) .
PROTEIN IDENTIFICATION
Regardless of the separation and quantitation methods used, at the end of the experiment the proteins must be identified. Most approaches use mass spectrometry. Peptide mass fingerprinting (PMF) and tandem mass spectrometry (MS/MS) are the main methods for determining protein identities.
Peptide Mass Fingerprinting
PMF was developed by a number of research groups (74) (75) (76) and begins with digestion of a protein with an enzyme, typically trypsin. Trypsin cleaves proteins at very specific locations, resulting in a series of peptides. If this mixture of peptides is analyzed by MS, a series of peptide masses is created. These masses are searched against databases using one of a number of programs [e.g., ProFound (77) and MASCOT (78)]. These programs take DNA sequence databases translated into protein sequence and calculate the resulting peptide masses if these protein sequences were digested with trypsin. The peptide masses generated from the MS of the digested protein of interest is then compared against these databases and the protein can be identified. PMF of spots from 2-DE gels is one very common application. Gel plugs are either excised by hand or robot. Proteins are then digested with trypsin in the gel plug. With visual stains, the plug must often be destained, and some stains work better than others (79) . Silver stains that use gluteraldehyde are not compatible with MS. The peptides from the digested proteins are then extracted from the gel plugs and are analyzed by MS.
Tandem Mass Spectrometry
Even if MS instead of 2-DE was chosen as the method of protein separation, MS is also used for protein identification through a process called tandem mass spectrometry (MS/MS). A number of different strategies exist for MS/MS (37) . In general, the process entails the selection of one ion/protein generated during initial MS and then fragmenting this ion/protein into smaller pieces and measuring the mass of the resulting ions. These secondary ions can be decoded into protein sequence information that is searched against protein sequence databases to identify the protein (80, 81) . Almost all of the ionization and mass analyzer types can all be used for MS/MS provided that the instrument is appropriately configured. One MS/MS method that is particularly suited for proteome determination, but not quantitation, is multidimensional protein identification technology (MudPIT) (43, 82) . In this method, all the proteins in a sample are digested and loaded onto LC columns (see previous explanation). After fractionation of the peptides, the peptides are fed into a MS/MS instrument for protein identification. This method has identified thousands of proteins, can detect membrane proteins, and is similar in concept to shotgun sequencing of DNA.
Whichever protein identification method is used, not all proteins are confidently identified. Rates of identification range from 0% to over 80% depending on the method, instrument, and algorithm used, as well as the abundance of the protein. Careful handling of samples to limit contamination by substances like keratin and thoughtful consideration of the identification approach used will aid in success.
Other Methods
Some of the more traditional methods for identifying proteins are still used for proteomic experiments. Edman protein sequencing can be performed on proteins or peptides from gels transferred to membranes or extracted from gel plugs. This method is limited by low throughput and requires a comparatively large amount of protein. Another technique is the Far Western blot, where a 2-DE gel is blotted and the blot is probed with an antibody against a specific protein. This approach does not offer much progress over conventional immunoblotting.
PROTEIN ARRAYS
Because of some of the limitations of electrophoresis and mass spectrometry methods, selected research groups are attempting to create proteomic chips/arrays. The basic approach is very similar to that of microarrays (83) (84) (85) . Antibodies or other affinity reagents (e.g., aptamers, peptides) are spotted onto some sort of matrix. Hundreds to thousands of spots are on a single array. A labeled protein sample is then washed across the array, and proteins bind to their specific antibody. The process can also be reversed whereby the protein samples of interest are spotted onto the matrix and then probed with different affinity reagents (86) . Though these array or chip approaches have potential for greatly increasing the throughput of proteomic experiments, the use of affinity reagents as the separation method is a severely limiting factor and cannot be ignored. A highquality antibody is needed for each protein of interest and each modification of that protein. Generation of antibodies remains a laborious task that is almost as much art as science. Separate antibodies also have to be generated for different organisms. In order to generate quantitative data from antibody arrays, and because association kinetics between different antibodies and antigens can vary tremendously, relative concentrations of each antibody and antigen have to be optimized for each protein in order to have quantitative information (87) . Lastly, it should not be forgotten that sequence/ structure knowledge is needed of any protein to be analyzed by protein microarrays in order to generate the affinity reagent, thus limiting this approach to known protein sequences and modifications. Though there seems to be a number of pitfalls to proteomic chips/ arrays as an open screen technique, they do hold promise for routine examination of a small group of proteins. Well-known pathways or protein families could easily be examined by such an approach.
APPLICATIONS
There are a wide variety of applications for proteomic technology (see Ref. 45 for review) in neuroscience. These applications range from defining the proteome of a particular cell type, identifying changes in brain protein expression under different experimental or disease conditions, profiling protein modifications (e.g., phosphorylation) and mapping protein-protein interactions. Studies with all of these goals have been published and, with some examples, are available for neuroscience applications. Determining the proteome of a particular cell, or organism in the case of unicellular organisms, represents an extension of genomic and functional genomics. Yeast, as a simple organism, offers the best opportunity for a first comprehensive proteomic map of an organism and was analyzed using MudPIT by Washburn et al. (43) . One of the larger studies of protein from a complex tissue was of the fetal brain, with 1700 proteins identified (88) . With the incredible cellular heterogeneity of the brain, there are a number of defined cell types awaiting proteomic characterization. The possibility of an international collaborative effort, along the lines of the human genome project, to catalog the brain proteome is being discussed to take on this Herculean task (89) .
Perhaps the proteomic application of greatest interest to neuroscience is protein expression profiling. Experiments such as these are the ones most likely to be undertaken by researchers who are neuroscientists first and foremost and proteomic researchers second. The number of such studies is still small but growing rapidly. Differential expression of alphaB-crystalline in Huntington's disease patients (90) as well as a number of alterations seen in the rat brain after administration of kanaic acid (91) have been found by 2-DE. Several studies have examined protein expression by 2-DE in brains of Alzheimer's disease patients (92) (93) (94) (95) . Methodology development must continue in this area to increase the sensitivity, quantitation, and ability to detect membrane proteins for these studies to reach their full potential. An advantage of profiling by those proteomic methods is that they offer an open and unbiased screen. mRNA-based techniques like microarrays are closed screens, limited to examining those genes that are deposited on the chip being used in the experiment. Techniques like 2-DE and MS/MS can, theoretically, detect any protein in an unbiased fashion. In this sense, most proteomic methods are open screens like the mRNA techniques of differential display and serial analysis of gene expression (SAGE).
While much of this review has focused on determining the proteins present in a cell and their relative expression levels, profiling of protein modifications is just as important. Many important cellular processes in the nervous system do not rely on changes in mRNA or protein abundance but on modifying proteins present in a cell to modify their function. A prime example is phosphorylation cascades in signal transduction (96) . The technology needed to examine these changes is beginning to become available either in the form of fluorescent dyes (33, 34) or mass spectrometry techniques (97) .
Just as protein modifications are often required for cellular events to take place, protein-protein interactions are critical to the function and activity of many proteins. Though more standardized methods such as the yeast two hybrid exist to identify protein-protein interactions, analysis of protein complexes isolated from in vivo brain samples are also being analyzed in a proteomic manner. This can be accomplished by combining common techniques like immunoprecipitation and affinity chromatography with 2-DE and MS to determine the proteins bound in complexes to neurotransmitter receptors isolated from the brain (16, 98) .
LIMITATIONS
Though the proteomic field has advanced tremendously over the past few years, researchers must remain fully cognizant of the limitations that still remain. All of the methods described above tend to identify preferentially the most highly expressed proteins. Even when an experiment identifies thousands of proteins in a sample, they are only the most abundant of the proteins present in the sample. For neuroscientists, this represents a challenge because many proteins of interest in the brain are expressed at relatively low levels and are hydrophobic proteins. The effectiveness of 2-DE to examine membrane proteins is limited due to poor solubilization of hydrophobic proteins (99, 100) . New detergents and electrophoresis methods can aid in examining hydrophobic proteins, but more improvements are needed (101) . MS technology is not as limited in this regard. Twodimensional electrophoresis is also limited in its ability to detect very basic proteins (pI Ͼ 10)(102). The assumptions have been challenged by a recent study (63) . In this instance, 2-DE was found to be better for small-molecular-weight, hydrophobic, and cysteinelacking proteins whereas ICAT was found to be superior in examining high-molecular-weight proteins.
Neuroscientists also face complications specific to the brain and neural tissue. The most pressing in our experience is that of sample requirements. 2-DE requires Ն100 g of protein for an experiment, and many MS experiments require even greater amounts of sample. When planning proteomic research, careful attention must be paid to the sample amount available relative to the sample needs of techniques being used. The temptation to use large amounts of brain tissue must be weighed against the need for regional and cellular specificity. Similarly, animal models must be carefully selected such that the results will provide meaningful insight into human health and disease and not simply reflect laboratory animal manipulation.
Another challenge that, while not scientific, is a very real one, is the cost of proteomic research. Almost all of the methods described here require expensive instrumentation that does not exist at many research institutions. Mass spectrometers cost hundreds of thousands of dollars and 2-DIGE requires costly fluorescent scanners. Institutions and funding agencies will have to make substantial commitments of resources for researchers to exploit the full potential of proteomics. Symbolic investments will only garner token rewards.
CONCLUSIONS
The potential for proteomic neuroscience is so great that it will become more and more popular. Thoughtful science will be needed to combine technological advances with sound, relevant experimental designs. Though many neuroscientists will adopt proteomic approaches to their research, the true advances will come from those that use these new tools to create not just data but discoveries.
